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ABSTRACT: Immunocompetent male mice are more susceptible to ex-
perimental infection with Brugia spp. than are females. Because per-
missive male SCID mice (severe combined immunodeficient mice),
which lack T and B cells, also possess higher worm burdens, the mech-
anism is not solely immune mediated. Recovery of fewer adult worms
from the female SCID mouse suggests that females do not provide
sufficient nutrients for larval growth. This study assessed the potential
of the female SCID mouse to support the L3 to L4 molt of Brugia
malayi. Unexpectedly, worms grown in females molted at earlier time
points of recovery than those harvested from males. This suggests that
the early stage of development of B. malayi is delayed in the male
murine host. To determine whether the effect of host sex on molting
may be similar in humans, worms were cultured in media supplemented
with serum from male or female donors. Worms grown in serum ob-
tained from female donors exhibited a significantly higher percentage
of complete molts over those cultured with serum from males. Host-
derived molecules required for the L3 to L4 molt may be more abundant
in the female, perhaps allowing the worms to survive a vulnerable de-
velopmental stage in a less permissive environment.

It has been shown in many studies that the mammalian male has a
higher prevalence and intensity of nematode infections (Klein, 2004).
Composite data suggest that this trend results from either innate male
susceptibility or a behavior-related increase in exposure to parasites
(Zuk and McKean, 1996). Interestingly, animals under the controlled
conditions of the laboratory also exhibit a male/female dichotomy in
worm burdens, indicating that the physiology of the host contributes to
susceptibility (Dobson, 1966; Ash, 1971). For example, male mice sup-
port larger numbers of Brugia spp. in experimental infection than do
females (Nakanishi, 1987; Rajan et al., 1994). Because permissive male
scid/scid mice (herein SCID: severe combined immunodeficient mice),
which lack T and B cells, also possess larger numbers of worms, the
mechanism is not solely immune mediated (Rajan et al., 1994). Addi-
tionally, we recently reported that endogenous sex hormone levels in
individual mice do not correlate with worm burdens (Ganley and Rajan,
2001). Thus, it appears that some aspect of male physiology results in
the higher worm burdens, which may or may not depend on androgens.

A decrease in surviving adult worms recovered from the female SCID
mouse suggests that females do not provide sufficient nutrients for lar-
val development. One of the major developmental events that takes
place soon after infection is the L3 to L4 molt (Smyth, 1990). Molting
is a synchronized, multifaceted process requiring both host- and para-
site-derived molecules (Smyth, 1990; Smith et al., 2000; Rajan et al.,
2003; Rajan, 2004). The first stage, apolysis, involves the separation of
the hypodermis from the L3 cuticle and requires collagenases and other
proteases (Guiliano et al., 2004). The L4 cuticle, which is composed of
mainly collagens, is then synthesized by the hypodermal cells under the
L3 cuticle (Kingston, 1991). Ecdysis, which is the separation of L4
cuticle from the L3 cuticle, follows and also requires several proteases
(Davis et al., 2004). Proteolysis, combined with spasmodic contractions
of the pharynx, breaks the L3 cuticle. The worm then sheds the L3
cuticle from head to tail as it moves, and the L4 emerges (Smyth, 1990).

The present study assessed the potential of the female SCID mouse
to support the L3 to L4 molt of Brugia malayi. The L3 to L4 molt
occurs approximately 7–10 days postinfection (PI) in vivo. Thus, the
first objective was to define the length of time required for the L3 to
remain in the host to acquire the crucial nutrients to achieve maximum
molting potential ex vivo. The molting efficiency of worms recovered
from male C.B-17 or BALB/c SCID mice on days 1–10 PI was assayed.

Mice were injected intraperitoneally with L3 larvae. All mice were
maintained in the American Association of Laboratory Animal Care

accredited animal facility of the University of Connecticut Health Cen-
ter. Five mice underwent necropsies at each time point. Worms were
recovered by soaking the open peritoneal cavities, scrotum, and minced
testes in phosphate-buffered saline. Between 50 and 100% of innocu-
lated larvae were recovered. Larvae were then placed in culture to eval-
uate molting potential ex vivo. Serum-free culture medium consisted of
Roswell Park Memorial Institute (RPMI) 1640 supplemented with 20
ng/ml of arachidonic acid as previously described (Smith et al., 2000).
Medium supplemented with arachidonic acid was shown to sustain
healthy L3 survival but does not by itself induce molting (Smith et al.,
2000). Worms recovered from individual mice were cultured separately
in 48-well plates and incubated at 37 C in a 5% CO2 atmosphere. The
percentage of molted worms was evaluated when postinfective L3 were
10 days old. For example, if worms were recovered on day 3 PI, molting
was evaluated on the seventh day in culture. Molting efficiency was
determined by the number of cast cuticles/number of worms. A com-
plete molt was defined as the presence of an intact cast cuticle that was
clear of debris (Smyth, 1990). Incomplete molts were defined as cast
cuticles containing debris, worms that appeared to have undergone ec-
dysis (separation of L3 and L4 cuticle) but were unable to exit the
cuticle, or worms that had exited from the cuticle but retained the cuticle
at the posterior end (Smith et al., 2000). The percentage of recovered
worms that molted was calculated for each mouse. The results of these
experiments are summarized in Figure 1 and are similar to previous
studies on other filarial species (Chen and Howells, 1979; Pogonka et
al., 1999). Thus, worms primed in the host for less than 5 days dem-
onstrated either no molting or a small percentage of incomplete molts.
Worms recovered at day 5 demonstrated a very small percentage of
complete molts (,10%), although most were incomplete molts. Molting
potential increased when worms were recovered on day 6 and peaked
when worms were recovered on days 7 and 8. The percentages of cast
cuticles decreased when worms were recovered on days 9 and 10, as
many of the worms had molted in vivo and were recovered as L4s.

Subsequently, the time course of the L3 to L4 molt was assayed in
the female host. Male and female C.B-17 or BALB/c SCID mice were
infected with 50 L3s; worms were recovered and cultured on days 7,
8, and 9 PI; worms were then evaluated for molting. A total of 5 male
and 5 female mice were evaluated at each time point. Male and female
mice yielded similar numbers of worms at these time points. The data
for molting efficiency are presented as the mean of the percentages for
each cage of mice (Fig. 2). Surprisingly, worms recovered from females
at day 7 demonstrated enhanced molting potential, P 5 0.0052 (Stu-
dent’s t-test; t 5 5.533), and fewer incomplete molts, P 5 0.0001 (t 5
14.555), than worms recovered from males at the same time point. Only
a small number of larvae harvested from females on days 8 and 9
molted ex vivo, as most worms had already molted in vivo and were
recovered as L4s. Thus, worms recovered from male mice at days 8
and 9 demonstrated a significantly higher percentage of molting than
did those from female mice (P , 0.002, t . 7.296). These results
suggest that there is a delay of the L3 to L4 molt within the male host
compared to that observed in the female host.

Abortive molt attempts, such as those observed under certain culture
conditions, result from several developmental defects, including insuf-
ficient L4 cuticle synthesis (Smith et al., 2000). To determine if worms
primed in the male host demonstrated differences in development, larval
morphology was assessed by electron microscopy. A total of 5 male
and 5 female C.B-17 SCID mice were injected with 50 L3s. Worms
were recovered on day 7 and fixed overnight in 4% gluteraldehyde,
stored in 0.2 M sodium cacodylate buffer at 4 C, routinely processed
for electron microscopy, and cut at 60 mm. Worms grown in male and
female mice had similar L4 cuticular morphological characteristics, in-
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FIGURE 1. Summary of composite data characterizing the kinetics
of the L3 to L4 molt in male severe combined immunodeficient (SCID)
mice. Mice were injected with 50 L3 intraperitoneally and underwent
necropsies on the days indicated on the figure. Recovered worms were
cultured in RPMI supplemented with 20 ng/ml arachidonic acid. Molt-
ing was assessed when postinfective larvae were 10 days old. Five male
BALB/c or C.B-17 SCID mice were assayed for each time point using
at least 2 batches of L3.

FIGURE 3. Male and female mice support L4 cuticle development.
A total of 5 male and 5 female C.B-17 SCID mice were injected with
50 L3, and worms were harvested on day 7 postinfection. Worms were
routinely processed for electron microscopy and cut at 60 mm. (A) Rep-
resentative L3 recovered from male host at day 7 before molting that
demonstrates the L3 cuticle over an intact L4 cuticle. (B) Representative
L4 recovered from a female host at day 7 following the L3 to L4 molt
that demonstrates an intact L4 cuticle. There were no overt differences
in morphology between worms recovered from male and female hosts,
except that fewer molted L4s were recovered from the male host. Scale
bar 5 0.5 mm.

FIGURE 2. Ex vivo molting potential of worms recovered from male
and female severe combined immunodeficient (SCID) mice. Mice were
injected with 50 L3 intraperitoneally and underwent necropsies on the
days indicated on the figure. Recovered worms were cultured in RPMI
supplemented with 20 ng/ml of arachidonic acid. Molting was assessed
when postinfective larvae were 10 days old. Bars represent mean per-
centage of molting 6 SD by worms recovered from individual mice
with 5 mice per group and are characteristic of 12 experiments.

cluding well-formed and uniformly distributed annuli (Fig. 3A, B). This
result suggests that worms recovered from male mice at day 7 that
demonstrate partial molts ex vivo have a deficiency in ecdysis rather
than an underdeveloped L4. Thus, a host factor is likely required for
the exit of the L4 from the L3 cuticle.

Studies on molting in Caenorhabditis elegans, a free-living nema-
tode, indicate that incomplete molting results from starvation. For ex-
ample, mutants of C. elegans that lack Gp330/megalin-related protein,
or LPR-1, cannot endocytose sterols that are essential nutrients (Yochem
et al., 1999). Though LPR-1 2/2 worms rotate in an attempt to shed
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FIGURE 4. Worms grown in serum samples obtained from human
female donors molt more efficiently than those cultured in serum ac-
quired from male donors. Serum samples were obtained from 5 male
and 4 female healthy, noninfected donors. Thirty worms per well were
cultured in 48-well plates in RPMI supplemented with 10% heat-inac-
tivated human serum, 100 U/ml penicillin, 100 mg/ml streptomycin, 40
mg/ml gentamicin, 2 mg/ml ceftazidine, and 20 mg/ml ciprofloxacin.
Worms were grown in individual donor serum separately and evaluated
for percentage of molts after 10 days in culture. Bars represent mean
percentage of complete molts for each sex 6 SD and are representative
of 3 experiments.

the old cuticle, molting is incomplete. Additionally, mutants that lack
CHR3, an orphan nuclear hormone receptor, are unable to molt. CHR3
belongs to a family of receptors that bind steroids, retinoic acid, and
ecdysone (Kostrouchova, 1998). Mutants are unable to completely shed
their old cuticles, suggesting that ecdysis is incomplete. CHR3 ligation
with an exogenous steroid most likely activates a collagenase or regu-
lates collagen gene expression required for molting. In the case of B.
malayi, Smith and Rajan (2001) demonstrated that lipoxygenase inhib-
itors block the L3 to L4 molt, which suggests that products of the
lipoxygenase pathway activate or release a protease. For example, mam-
malian proteolytic cathepsin B is released from cells by 12(S)-hydroxy-
eicosatetraenoic acid (Ulbricht et al., 1996). Interestingly, Guiliano et
al. (2004) have identified a gene related to cathepsin L-like proteases in
Brugia spp. involved in ecdysis. The incubation of worms with protease
inhibitors completely blocks ecdysis and results in an accordionlike phe-
notype where the L4 is completely encased in the L3 cuticle. Thus, it
appears that a combination of both endogenous and exogenous mole-
cules is required for ecdysis.

To determine whether the effect of host sex on the L3 to L4 molt
observed in the murine host might be similar in humans, the in vitro
molting potential of B. malayi was assessed using human sera. Serum
was obtained from healthy, noninfected males (5 donors) and females
(4 donors), and L3s were cultured as outlined in Smith et al. (2000)
and then evaluated on day 10. Each serum sample was tested with 3
separate batches of L3. Figure 4 shows that a significantly higher per-
centage of worms grown in serum obtained from female donors molted
compared to those grown in serum from male donors. This result sug-
gests that the delay of the L3 to L4 molt also occurs in the natural
human host. Overall, these observations imply that the L3 likely ac-
quires an exogenous molecule(s) more readily in the female host via
the existence of a larger quantity and/or an enhanced bioavailability.

These data are intriguing in the sense that not only do males support
larger numbers of worms, but also that worms in male hosts are slightly
larger, which suggests a more hospitable environment (Poulin, 1996).
Interestingly, the molting larva has been shown to be more susceptible
to host immune attack (Eisenbeiss et al., 1994). Thus, B. malayi may
have evolved strategies to survive a vulnerable developmental stage,
such as the molting process, by using morphogens more readily avail-
able in the female host. Experimentally, Brugia spp. can develop in a
variety of mammalian hosts across several orders, including several spe-

cies of monkeys, cats, and hamsters (Partono et al., 1977; Crandall et
al., 1983). Although filarial worms have a propensity for the lymphatics
in the human host, it appears that these worms have the potential to
develop at various anatomical sites as well. For example, Brugia spp.
can develop to patency in the SCID mouse peritoneal cavity (Nelson et
al., 1991) and have a broader tissue distribution in jirds (Carraway and
Malone, 1985). Infection develops to patency in jirds as well, implying
that the lymphatic system is not unique in providing growth factors.
Thus, B. malayi requires molecules that have universal tissue distribu-
tion and that are found conserved across species of mammals other than
those supplied in the culture medium. Recent reports have implicated
exogenous vitamin C and nucleosides in the in vitro L3 to L4 molt of
B. malayi (Rajan et al., 2003; Rajan, 2004). Therefore, it is possible
that the female host supplies the parasite with a higher dose of nucle-
osides, for example, perhaps allowing the worms to better survive in a
less permissive environment. Other steps in the developmental process
of the larva might be delayed or inhibited in the female host.

The author thanks T. V. Rajan and Lisa Spencer for their insights on
worm biology and Lenny Shultz for the mice used in this study. Brugia
malayi L3 were obtained from TRS Laboratories (Athens, Georgia) or
from the laboratory of Tom Klei (Department of Biology, Louisiana
State University, Baton Rouge, Louisiana).
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ABSTRACT: Cryptosporidium spp. and Giardia spp. are protozoan par-
asites that are often associated with severe diarrheal disease in a variety
of mammals. Although these parasites have been extensively studied in
terrestrial ecosystems, little is known about either parasite in the marine
environment. Therefore, the objective of this study was to determine
the prevalence of both Cryptosporidium spp. and Giardia spp. in 5
marine mammal species. Fecal samples were collected from 39 bow-
head whales (Balaena mysticetus), 49 North Atlantic right whales (Eu-
balaena glacialis), 31 ringed seals (Phoca hispida), 22 bearded seals
(Erignathus barbatus), and 18 beluga whales (Delphinapterus leucas)
between 1998 and 2003. Using an immunofluorescent assay, parasites
were detected in the feces of bowhead whales, right whales, and ringed
seals, while neither parasite was detected in samples from bearded seals
or beluga whales. Overall, prevalences were highest in ringed seals
(Cryptosporidium spp., 22.6%; Giardia spp., 64.5%) and right whales
(Cryptosporidium spp., 24.5%; Giardia spp., 71.4%) and lowest in bow-
head whales (Cryptosporidium spp., 5.1%; Giardia spp., 33.3%). To our
knowledge, this is the first report of Cryptosporidium spp. and Giardia
spp. in either whale species and of Cryptosporidium spp. in the ringed
seal.

Cryptosporidium spp. and Giardia spp. are well-known protozoan
parasites of terrestrial mammals, reptiles, and birds. Using molecular
techniques, at least 14 species of Cryptosporidium and several genetic
types (genotypes) have been identified (Ryan et al., 2004; Xiao et al.,
2004). Genetic characterization of Giardia intestinalis has not pro-
gressed as far as it has for Cryptosporidium spp.; however, 7 genetic
assemblages (genotypes) have been identified, including Assemblage A,
the most common type recovered from humans (Ey et al., 1997; Monis
et al., 2003).

Although these parasites have been extensively studied in terrestrial
ecosystems, little is known about either parasite in the marine environ-
ment. The first report of Cryptosporidium sp., later determined to be

Cryptosporidium hominis (5Cryptosporidium parvum genotype 1), was
from a dugong (Dugong dugon) (Hill et al., 1997; Morgan et al., 2000;
Morgan-Ryan et al., 2002). Subsequently, both C. parvum and G. in-
testinalis were reported from California sea lions (Zalophus californi-
anus), but neither parasite was detected in Pacific harbor seals (Phoca
vitulina richardsi) or northern elephant seals (Mirounga angustirostris)
(Deng et al., 2000). Giardia spp. have also been detected in the feces
of ringed seals (Phoca hispida), harp seals (Phoca groenlandica), har-
bor seals (Phoca vitulina), and gray seals (Halichoerus grypus), but
neither Cryptosporidium spp. nor Giardia spp. were detected in beluga
whales (Delphinapterus leucas) or a single bottle-nosed whale (Hype-
roodon ampullatus) (Olson et al., 1997; Measures and Olson, 1999).

Not only do these parasites occur in marine mammals, they have also
been detected in marine waters and have been shown to survive in this
environment (Fayer et al., 2004). The identification of C. hominis and
G. intestinalis Assemblage A in marine waters implicates human waste,
possibly through the discharge of municipal wastewater or wastewater
from boats, as sources of contamination. In addition to these potential
sources, the identification of C. parvum and Cryptosporidium baileyi
implicates agricultural runoff (Graczyk et al., 1999; Deng et al., 2000;
Morgan et al., 2000; Fayer et al., 2002). Whether marine mammals are
infected by these species or have their own host-specific isolates is
unknown (Measures and Olson, 1999). However, the detection of C.
hominis in a dugong indicates some anthropozoonotic transmission.

As a step toward understanding the impact of these parasites in the
marine ecosystem, the objective of the present study was to determine
the prevalence of Cryptosporidium spp. and Giardia spp. in fecal sam-
ples from 5 species of marine mammals.

Fecal samples were collected from ringed seals (P. hispida), bearded
seals (Erignathus barbatus), beluga whales (D. leucas), and bowhead
whales (Balaena mysticetus) from northern Alaska during subsistence
hunts over a 4-yr period (Table I). Sampling was performed in the fall
and spring for bowhead whales, in the spring and summer for seals, and
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TABLE I. Prevalence of Cryptosporidium spp. and Giardia spp. in five marine mammal species as detected by immunofluorescent assay.

Collection years n
% Cryptosporidium prevalence

(95% CI)
% Giardia prevalence

(95% CI)

Ringed seal (Phoca hispida) 1998–2000 31 22.6% (9.6–41.1) 64.5% (45.4–80.8)
Bearded seal (Erignathus barbatus) 1999–2001 22 0.0% (0–15.4) 0.0% (0–15.4)
Beluga whale (Delphinapterus leucas) 1998–1999 18 0.0% (0–18.5) 0.0% (0–18.5)
Bowhead whale (Balaena mysticetus) 1998–2001 39 5.1% (0.6–17.3) 33.3% (19.1–50.2)
North Atlantic right whale (Eubalaena

glacialis) 2002–2003 49 24.5% (13.3–38.9) 71.4% (56.7–83.4)

TABLE II. Prevalence of Cryptosporidium spp. and Giardia spp. by age
class and gender in ringed seals and bowhead whales.

n
Crypto-

sporidium Giardia

Ringed seal (Phoca hispida)
Age class

,5 yr
5–7 yr

.7 yr

13
7

11

1 (7.7%)*
2 (28.6%)
4 (36.3%)

6 (46.2%)
6 (85.7%)
7 (63.6%)

Gender

Male
Female

22
8

5 (22.7%)
2 (25.0%)

16 (72.7%)
3 (37.5%)

Bowhead whale (Balaena mysticetus)
Age class

,25 yr
.25 yr

34
5

2 (5.9%)
0

12 (35.3%)
1 (20.0%)

Gender

Male
Female

22
17

2 (9.1%)
0

9 (40.9%)
4 (23.5%)

* No. of animals in which the parasite was detected (prevalence).

in the summer for beluga whales. Feces were collected from seals near
Barrow, from bowhead whales near Barrow and Kaktovik, and from
beluga whales near Barrow and Point Lay. Fecal samples were obtained
4–24 hr postmortem directly from the rectum or colon when possible,
placed in individually labeled containers, and either frozen (220 C) or
placed in 10% formalin (1998 ringed seals only). When feces were not
available, entire intestinal tracts were frozen (220 C), and samples were
collected from the small intestine or colon immediately before process-
ing. When possible, gender was recorded for each individual. Seals were
grouped as ,5 yr (sexually immature), 5–7 yr (becoming sexually ma-
ture), and .7 yr (sexually mature) (Reeves, 1998). Age classes of bow-
head whales were based on body length (George et al., 1999).

Fecal samples from North Atlantic right whales (Eubalaena glacialis)
were collected during 2002 and 2003 (Table I) from floating fecal matter
shortly after defecation using a 300-mm mesh nylon dip net. Collections
were made in the Bay of Fundy, Canada, between August and Septem-
ber of both years, with a single sample collected in the Great South
Channel east of Cape Cod in 2003. All samples were placed in indi-
vidually labeled containers and held on ice until frozen at 220 C (2002)
or stored at approximately 4 C (2003) until processed. By means of
photoidentification analysis (Kraus et al., 1986) and corresponding life
history records in the North Atlantic Right Whale Catalog (Hamilton
and Martin, 1999), animal identification, age (or estimated age)/age-
class, and gender of individual right whales were determined when an
individual whale was observed defecating.

Fresh and frozen fecal samples were concentrated by mixing 3 g of
fecal material with 4.5 ml of phosphate-buffered saline (0.01 M, pH
7.2) containing 0.01 M EDTA (PBS-EDTA), expressing the mixture
through 2 layers of sterile cheesecloth, and centrifuging the filtrate at

1,200 g for 10 min at room temperature. The supernatant was then
decanted, and the pellet was resuspended in 1 ml of PBS-EDTA. For-
malin-fixed fecal samples were processed in the same manner, except
that an estimated 3-g sample was centrifuged first to remove the for-
malin before washing with PBS-EDTA. Samples were examined for the
presence of the parasites using an immunofluorescent assay procedure
(Meridian Bioscience, Cincinnati, Ohio) in accordance with the manu-
facturer’s instructions, except that 15 ml of the concentrated sample was
divided among 2 or 3 wells on the slides provided. Because some sam-
ples adhered poorly to slides, the procedure was altered when necessary
to allow reactions to occur in microcentrifuge tubes rather than on the
slides. In these cases, 50 ml of the resuspended sample and 8 ml of each
of the positive and negative control samples (supplied with the kit) were
transferred to separate microcentrifuge tubes, and 1 drop of detection
reagent was added to each. The solution was gently mixed, and the
tubes were incubated at room temperature in the dark for 30 min. Fol-
lowing a quick spin, 30 ml of test sample supernatant and 15 ml of
control sample supernatant were discarded and replaced with equal vol-
ume of wash buffer, and the samples were resuspended. After a quick-
spin, the process was repeated. The same volume was again discarded
after the final quick spin, and 15 ml from each tube was then divided
equally between 3 wells on the slide. The slides were air dried, mount-
ing media was added, and a cover slip was placed on the slide. The
procedure was optimized using Cryptosporidium sp.–spiked bowhead
whale and right whale samples prepared in duplicate. In all cases, a
sample was considered positive if one or more cysts/oocysts exhibiting
an apple green color and morphological characteristics consistent with
Giardia spp. or Cryptosporidium spp. were present when viewed by
fluorescent microscopy.

Prevalence and 95% confidence intervals around the prevalence were
calculated as previously described (Rickard et al., 1999). Sample size
limitations prevented further statistical comparisons.

Both Cryptosporidium spp. and Giardia spp. were detected in right
whales, bowhead whales, and ringed seals (Table I), while neither par-
asite was detected in beluga whales or bearded seals. Overall, Crypto-
sporidium spp. and Giardia spp. were more prevalent in ringed seals
and right whales than in bowhead whales. Given the results of photo-
identification analysis for 2002, multiple sampling of 1 right whale did
occur. Samples were collected 6 days apart, and Giardia spp. cysts were
detected in both samples. Because only 50% of the 2002 samples and
none of the 2003 samples were linked to individual right whales at the
time of this publication, it is possible that other multiple sampling is
represented in this data set.

Estimated ages for bearded seals ranged from 2 to 20 yr. Most ani-
mals were in the ,5-yr age class (n 5 10), with fewer animals in the
5- to 7-yr (n 5 5) and .7 yr (n 5 6) age classes. Ringed seals ranged
in age from ,1 to 23 yr, with fewer animals in the 5- to 7-yr age class
(Table II). The prevalence of Cryptosporidium spp. in ringed seals in-
creased with age class, unlike the prevalence of Giardia spp., which
was highest in the 5- to 7-yr age class. The majority of bowhead whales
were in the ,25-yr age class, which was also the class in which the
highest prevalences of Cryptosporidium spp. and Giardia spp. occurred
(Table II).

All of the 18 beluga whales sampled were male, whereas more female
bearded seals were sampled than male bearded seals (12 and 9, respec-
tively). The prevalence of Giardia spp. in both ringed seals and bow-
head whales was higher in males than in females (Table II). The prev-
alence of Cryptosporidium spp. was also higher in male bowhead
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whales but was approximately equal between genders for ringed seals
(Table II).

Few studies have assessed Cryptosporidium and Giardia spp. in ma-
rine mammals. The only report from the Southern Hemisphere is that
of C. hominis from a dugong in Hervey Bay, Queensland (Hill et al.,
1997; Morgan et al., 2000; Morgan-Ryan et al., 2002). Within the
Northern Hemisphere, Giardia spp. cysts have been detected in ringed
seals from the western arctic region of Canada, and harp seals, harbor
seals, and gray seals in the Gulf of St. Lawrence, St. Lawrence estuary,
and coastal Newfoundland in eastern Canada (Olson et al., 1997; Mea-
sures and Olson, 1999). Deng et al. (2000) later detected C. parvum
oocysts and G. intestinalis cysts in California sea lions from areas of
northern coastal California. The present study extends the known host
range of Cryptosporidium spp. and Giardia spp. to include bowhead
and right whales and the geographic range to include the Chukchi and
Beaufort seas and the Bay of Fundy.

Regardless of geographic location, neither Cryptosporidium spp. nor
Giardia spp. has been detected in a total of 45 beluga whales (Olson
et al., 1997; Measures and Olson, 1999; this study). Given the widely
divergent localities from which the whales were sampled (Shingle Point,
Yukon, Canada; Hendrickson Island, Northwest Territories, Canada; St.
Lawrence Estuary, Canada; and Point Lay and Barrow, Alaska), it ap-
pears that beluga whales may be refractory to infection with these par-
asites. Conversely, these parasites have been detected in ringed seals
from diverse localities in the western arctic (Holman, Northwest Terri-
tories, Canada; near Shingle Point, Yukon, Canada; and Barrow, Alas-
ka). Although Giardia spp. cysts have been detected in ringed seals
from all locations examined, the highest prevalence was detected in
those from Alaska (this study; Olson et al., 1997). Cryptosporidium spp.
oocysts have only been detected in the Alaskan populations (Olson et
al., 1997; this study). The reasons for the different geographical patterns
among ringed seals remain to be determined.

The prevalences of Cryptosporidium spp. in ringed seals and right
whales in the present study are relatively high compared to those re-
ported for terrestrial mammals, whereas the prevalence in bowhead
whales was similar to that in previous reports (Atwill et al., 1997; Rick-
ard et al., 1999; Siefker et al., 2002). The prevalences for Giardia spp.
in the present study were higher than that reported for many terrestrial
mammals (Isaac-Renton et al., 1987; Dı́az et al., 1996; Rulofson et al.,
2001; Dunlap and Thies, 2002). These relatively high prevalences may
be explained by the numerous potential routes of exposure. Both par-
asites are easily transmitted through the ingestion of contaminated water
(Fayer et al., 1997). Alternatively, certain prey, such as shrimp and
zooplankton, may be capable of concentrating the infective stages in
much the same manner as clams, oysters, and mussels (Graczyk et al.,
1999; Gomez-Bautista et al., 2000; Fayer et al., 2004), thereby making
large numbers of organisms readily available to the mammalian host.
Finally, behavior that brings groups of animals together, such as hauling
out at shared ice holes, would increase the likelihood of direct trans-
mission between animals.

It is clear that Cryptosporidium spp. and Giardia spp. are present in
the marine environment. However, the mere detection of parasites is not
sufficient to demonstrate their impact on animal or human health; con-
sequently, future studies on the health of marine mammals should in-
clude an evaluation of the parasites present. Genetic characterization of
isolates from marine mammal species is also necessary to determine if
these parasites are specific to marine mammals or originate from non-
marine sources, such as human waste, agricultural runoff, or terrestrial
wildlife. For example, human waste may be a factor in the relatively
high prevalences of these parasites in the North Atlantic right whale
because their migratory range includes densely populated coastal hab-
itats extending from the Bay of Fundy to the eastern coast of Florida
(International Whaling Commission, 2001). Molecular techniques must
be used in future studies to clarify both the potential sources of envi-
ronmental contamination and the routes of exposure.
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ABSTRACT: The present study examined the seroprevalence of Toxo-
plasma gondii and Sarcocystis neurona in a population of beavers (Cas-
tor canadensis) from Massachusetts. Sixty-two blood samples were col-
lected during the field seasons over 3 consecutive years from different
animals. Blood was collected onto filter paper and shipped to the De-
partment of Biomedical Sciences, Virginia Tech, Blacksburg, Virginia,
for parasite testing. The samples were tested at dilutions of 1:25, 1:50,
and 1:100 against each parasite antigen by modified agglutination tests
to determine whether antibodies to either parasite were present in the
blood. Six of 62 samples (10%) were positive for T. gondii, with 2
samples having titers of 1:25 and 4 having titers of 1:50. Four of 62
samples (6%) were positive for S. neurona, with 2 samples having titers
of 1:25 and 2 having titers of 1:50.

Toxoplasma gondii is an important protozoal pathogen of humans
and other warm-blooded vertebrates. Humans become infected by in-
gesting meat containing tissue cysts or by ingesting oocysts in the en-
vironment. Domestic cats and other felines are the only known, defin-
itive hosts for T. gondii. Cats can excrete millions of environmentally
resistant oocysts in their feces. Sporulated T. gondii oocysts have been
reported to be able to survive in the environment for 1.5 yr by Frenkel
et al. (1975) and for 4.5 yr at 4 C by Dubey (1998). The cat population
in the United States was ;57 million in 1991 (Patronek, 1998). The
prevalence of antibodies to T. gondii is ;58% in free-roaming cats and
37% in pet cats (Dubey, 1994). Outbreaks of T. gondii resulting from
contaminated water have been described (Dubey, 2004). The prevalence
of T. gondii antibodies in beavers may reflect the environmental ex-
posure to T. gondii in aquatic ecosystems.

Sarcocystis neurona is an obligate, heteroxenous parasite that has the
opossum as its definitive host. Intermediate hosts are infected by in-
gestion of sporocysts passed in opossum feces. Sarcocystis neurona is
important because it is the causative agent of equine protozoal mye-

loencephalitis, a severe neurological disease that can occur when a horse
accidentally ingests S. neurona sporocysts. Horses may become infected
by drinking sporocyst-contaminated water.

Little is known about the prevalence of apicomplexan parasites in
beavers. The present study was conducted to determine the seropreva-
lence of T. gondii and S. neurona in beavers from Massachusetts.

Beavers were live-trapped as part of a larger project on their demo-
graphics. Four study areas have been established across Massachusetts
to represent a combination of different levels of development and dif-
ferent attitudes of residents regarding management of beavers (Deblin-
ger et al., 1999). The northeastern area of Massachusetts represents
heavy suburban development, and a majority of people there are op-
posed to recreational fur-trapping (based on how residents voted on a
statewide trapping referendum). The central area represents light sub-
urban development, and a slight majority of people there are in favor
of recreational trapping. The southwestern area is rural, with a slight
majority of people opposed to trapping, and the northwestern area is
rural, with the majority of residents in favor of recreational trapping.
Colonies were surveyed and beavers captured and marked at sites in
the eastern, central, and western areas of the state. At least some of
these localities are sites included in the state’s long-term, beaver colo-
ny–monitoring program, which has been ongoing for the last 7–8 yr.

Bobcats (Felis rufus) as well as feral and pet domestic cats were
present in all study areas (K. Koenen and S. DeStefano, pers. obs.).
One of 9 documented mortalities of beavers included predation by a
bobcat of a kit during a year of low water levels in the western study
area. Bobcats are capable of dealing with human influences, but they
tend to avoid agricultural areas with extensive cleared lands that elim-
inate other vegetative cover types. Bobcats can be classified as being
common in central and western Massachusetts, present in the northeast,
and rare to absent in southeastern areas of the state (Massachusetts
Division of Fisheries and Wildlife, unpubl.).
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Beavers were captured at multiple colonies within each of the 3 study
areas. Box traps (Koenen et al., in press) and Bailey traps were used to
capture beavers, and each animal was immobilized with an intramus-
cular injection of ketamine hydrochloride (10–13 mg/kg) and aceprom-
azine maleate (2.5 mg) (Lancia et al., 1978). Age and sex were deter-
mined for each animal, and individuals were marked with metal and
plastic ear tags as well as a tail-mounted radio transmitter. Given the
difficulty of venipuncture in beavers, an alternative method for collect-
ing samples was employed. Drops of blood were blotted onto filter
paper following a cutaneous tail stick using a hypodermic needle. This
is a reliable method of collecting blood for use in toxoplasmosis testing,
as described in congenitally infected infants (Hsu et al., 1992; Patel and
Holliman, 1994; Paul et al., 2001). It also has been used in sheep (Uggla
and Nilsson, 1987) and cats (Nogami et al., 1992). After marking, bea-
vers were placed back into box traps in a shady, protected area near the
water, and individuals were not released until they had recovered fully
from the drugs. Recovery was judged on the basis of the beaver’s alert-
ness, mobility, and ability to hold up its head and to move within the
box trap (Koenen et al., in press).

The filter-paper blood blots were kept on ice packs and mailed to the
Center for Molecular Medicine and Infectious Diseases, Department of
Biomedical Sciences and Pathobiology, Virginia–Maryland Regional
College of Veterinary Medicine, Virginia Tech, for testing. Sections (1
cm2) containing the dried blood were cut from the filter-paper blots and
submerged in 200 ml of phosphate-buffered saline (PBS). The paper
was soaked overnight at 4 C to allow blood proteins to dissolve into
the PBS. Then, the eluate was removed and placed into clean tubes for
use in agglutination testing.

The modified direct agglutination test (MAT) was used to examine
beaver eluates for agglutinating immunoglobulin G antibodies to T. gondii
(Dubey and Desmonts, 1987) and S. neurona (Lindsay and Dubey, 2001).
A dilution of 1:25 was used to screen sera. Thirty-one serum samples
were tested from beavers in 2002, 17 in 2003, and 14 in 2004. Positive
beaver sera were examined further at dilutions of 1:50 and 1:100.

Positive T. gondii MAT results were found in 6 of 62 beavers (10%)
from 2002. Four samples were positive at 1:50, and 2 samples were
positive only at 1:25. Four of 62 beavers (6%) from 2002 were positive
for S. neurona by MAT. Two were positive at 1:50, and 2 were positive
only at 1:25. No samples from 2003 or 2004 were positive for T. gondii
or S. neurona.

Toxoplasma gondii has been isolated from a beaver in Kansas (Smith
and Frenkel, 1995). The prevalence of T. gondii in beavers reported
here is low compared to that in other surveys of aquatic wildlife in the
United States. One study in North Carolina found that 45% of river
otters sampled were seropositive for T. gondii using a latex agglutina-
tion test (Tocidlowski et al., 1997).

The infected beavers in the present study may be ingesting T. gondii
oocysts excreted by wild or domestic cats from contaminated water or
foliage. Bobcats are the only wild cats that live in Massachusetts, where
they are most common in the central and western regions. Although to our
knowledge no prevalence data exist for T. gondii in bobcats from Massa-
chusetts, we are aware of studies conducted in other parts of the United
States. Kikuchi et al. (2004) tested serum from 52 bobcats from various
states for antibodies to T. gondii, and 50% of the animals were seropositive.

We are unaware of any previous reports of S. neurona infection in
beavers. However, a recent study examined other wildlife species from
Connecticut for agglutinating antibodies to S. neurona. Eleven of 24
skunks (46%) and 12 of 12 raccoons (100%) had positive titers to S.
neurona (Mitchell et al., 2002). Another study found that 24 of 25 rac-
coons (96%) from Massachusetts were seropositive for S. neurona (Lind-
say et al., 2001). Compared to these and other studies, the prevalence of
S. neurona infection in beavers observed in the present study is low.

Opossums are the definitive host for S. neurona, and they are abundant
throughout Massachusetts. Prevalence data are not available for S. neurona
infections in opossums from Massachusetts, but studies have been con-
ducted in Maryland and Michigan. These studies found that 6 of 11 opos-
sums (55%) from Maryland (Dubey, 2000), and 31 of 206 opossums (15%)
from Michigan (Elsheikha et al., 2004), were infected with S. neurona.

The prevalence of T. gondii and S. neurona in beavers from Mas-
sachusetts is lower than what has been observed in other wildlife spe-
cies. However, even a small number of infected animals indicates the
presence of parasites in the area.
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